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GENERAL INTRODUCTION 
Nucleotide Excision Repair 
at the Single Molecule level:  
Analysis of the E. coli UvrA protein 
 
 
 
DNA DAMAGE AND DNA REPAIR 
The DNA molecule, the carrier of genetic information, is essentially a very dynamic and 
vulnerable polymer that is constantly being modified (damaged) by either endogenous or 
exogenous sources. Endogenous sources of DNA damage include reactive metabolism 
byproducts such as Reactive Oxygen Species (ROS) or the continuous reaction of DNA with 
oxygen and water. Exogenous sources of DNA damage include UV-light, ionizing radiation, 
chemotherapeutic agents, mutagens and toxins. Exposure of DNA to these sources results in 
DNA damage such as the loss, deamination, alkylation, oxidation or crosslinking of 
nucleotides as well as the formation of single- or double-stranded breaks in the DNA. The 
presence of DNA damage creates a block for essential cellular processes such as DNA 
transcription or replication. The inability to repair DNA lesions will eventually lead to 
mutations in the genomic information, which subsequently could cause cellular malfunctions 
or cell death. 
Various DNA repair systems have evolved to counteract the deleterious effects of DNA 
damage, and their actions are a necessity to maintain genomic integrity. The process of DNA 
repair is defined as the cellular response to DNA damage that results in the restoration of 
normal nucleotide sequence and DNA structure (reviewed in [1]). Repair of base 
modifications can be accomplished through the following two mechanisms: 1) reversal of the 
DNA damage (reversal repair) or 2) removal of the DNA damage (excision repair).  
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When removing the DNA damage, the damaged DNA can be excised from the DNA helix 
either as a free base (base excision repair) or as an oligonucleotide (nucleotide excision 
repair). For the repair of DNA double-stranded breaks two different pathways exist to connect 
the loose DNA ends: 1) Non-Homologous End Joining (NHEJ) and 2) Homologous 
Recombination (HR) (reviewed in [1]). 
 
NUCLEOTIDE EXCISION REPAIR IN PROKARYOTES 
Nucleotide Excision Repair (NER) was first observed in the early 1960s through the 
excision of thymine dimers, a DNA lesion induced by UV-light, from the DNA [2]. Later it 
was discovered that, simultaneous with the removal of the DNA damage, short stretches of 
new DNA were inserted, thus demonstrating a nucleotide excision repair pathway [3]. NER is 
a very versatile repair mechanism as NER activity is detected after exposure to various 
unrelated DNA damaging agents [4]. 
Three loci in E. coli, designated uvrA, uvrB and uvrC, were identified to be responsible for 
excision of thymine dimers from DNA [5,6]. Later it was found that also the genes uvrD and 
polA (coding for DNA polymerase I) play a role in bacterial nucleotide excision repair, both 
being involved in post-incision events [7-9]. Expression of both the uvrA and uvrB gene is 
controlled by the SOS response [10,11]. This is a system that induces expression of specific 
genes, which are all regulated by the LexA repressor protein, in response to DNA damaging 
agents [12]. The induction of the SOS response has a large effect on the capacity of bacterial 
NER as generally one cell contains about 25 UvrA and 250 UvrB molecules [13]. After SOS 
induction protein levels are elevated to approximately 250 UvrA and 1000 UvrB molecules 
per cell [13]. Expression of the uvrC gene however is not controlled by the SOS response and 
the amount of UvrC molecules per cell was estimated to be between 10 and 20 [13]. Some 
bacterial species, including E. coli, contain a gene (cho). The cho gene encodes a protein that 
is homologous to the N-terminal part of UvrC [14]. In contrast to the uvrC gene the cho gene 
is SOS-inducible [15].  
The UvrABC gene products are capable of recognizing a broad range of structurally and 
chemically unrelated DNA lesions in vivo and in vitro [6]. This versatility discriminates 
UvrABC from other repair proteins, which recognize only a limited number of structurally 
related lesion types [1]. Apart from actively removing various types of DNA lesions, 
UvrABC can also be recruited to RNA polymerases that have stalled on DNA damage. 
Transcription coupled repair by UvrABC however, requires the action of the TRCF 
(Transcription Repair Coupling Factor) protein [16]. 
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The mechanism for recognition and subsequent incision of DNA damage by the UvrA, 
UvrB and UvrC proteins has been the subject of several studies, leading to the following 
model for bacterial nucleotide excision repair (Figure 1). First, a complex of two UvrA and 
two UvrB subunits (the A2-B2-complex) is formed in solution [17]. This complex scans the 
DNA for potential lesions [18].  
Initially, the UvrA subunits probe the DNA for the presence of DNA damage. After UvrA 
has found such a site it will hand the DNA off to UvrB, which in turn will verify the presence 
of a lesion [19,20]. After UvrB has detected the presence of DNA damage, UvrA dissociates, 
leaving a complex of two UvrB-subunits bound to the lesion site (the pre-incision complex) 
[18]. Subsequently, UvrC binds to the pre-incision complex, thereby displacing one UvrB 
subunit [18]. UvrC incises the damaged strand both at the 3’ and the 5’ side of the lesion [6]. 
UvrC makes the first incision at the fourth or the fifth phosphodiester bond 3’ to the lesion 
site, the second incision occurs at the eighth phosphodiester bond 5’ from the lesion site [6]. 
After incision, UvrC dissociates from the DNA and UvrD (DNA helicase II) removes the 
damaged oligomer from the DNA duplex [21,22]. DNA polymerase I fills the resulting gap 
[22] and finally DNA ligase seals the nicks [23], completing the NER reaction. 
 
 
Figure 1: Schematic representation of the mechanism of the E. coli NER reaction 
The yellow triangle represents a DNA lesion.  
 Apart from their role in repair of damaged DNA, UvrA, UvrB and UvrD also have a role 
in DNA replication [24,25]. In E. coli cells in which the polA gene, coding for DNA 
polymerase I, has been removed viability depends on the presence of UvrA, UvrB and UvrD 
[25]. UvrC is not required for survival; instead, it was shown that incision activity of UvrC 
inhibited survival of ∆polA E. coli [25]. 
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It was proposed that UvrA and UvrB assist in DNA replication by recruiting UvrD to the 
junctions between the Okazaki fragments, thus enabling UvrD to unwind the RNA-DNA 
hybrid. This could promote survival by enhancing RNA degradation or by enabling 
alternative DNA polymerases to complete DNA replication [25]. UvrC might inhibit this 
function by incising either the Okazaki fragments or by incising the template strand [25]. 
 
UvrA 
E. coli UvrA is a 110 kDa protein, consisting of 940 amino acids. UvrA is essential for the 
recognition of DNA lesions and for delivery of UvrB to damaged sites [26-28].  
UvrA was first purified and characterized as a ‘DNA-independent ATPase’ [26], however, 
later studies showed that the ATPase activity of UvrA is modulated differently by undamaged 
or damaged DNA. The presence of undamaged DNA has an inhibiting effect on the ATPase 
of UvrA, while damaged DNA stimulates ATPase activity [29-32]. Also, the ATPase of UvrA 
is modulated by the concentration of UvrA and the presence of UvrB [29,30]. In chapter 4, the 
functions of ATP hydrolysis in UvrA will be discussed in more detail. 
UvrA readily forms dimers in solution and binds DNA as a dimer complex [19,28,29,33]. 
The stability of the UvrA dimer is modulated by the binding and hydrolysis of ATP 
[19,29,33]. In chapter 2 of this thesis, single-molecule studies on the dimerization of UvrA 
will be presented, suggesting that the most stable dimer form of UvrA contains a mixture of 
ATP and ADP. 
 
Structure of UvrA 
The crystal structure of the ADP-bound UvrA protein from Bacillus stearothermophilus 
(Bst-UvrA) (Figure 2) has been determined [34]. The structure of Bst-UvrA shows the UvrA 
dimer, with all four ATPase domains bound by ADP. The ATPase domains of UvrA belong 
to the ABC ATPase class of ATPases [35]. This class of ATPases is typically found in ABC 
transporter proteins, which use ATP hydrolysis to transport substrates across a cellular 
membrane. For this purpose, an ABC transporter uses a large substrate specific domain (the 
‘insertion domain’), of which the position is coordinated by ATP binding and hydrolysis [36]. 
The molecular mechanism of the ABC ATPase domain will be discussed in more detail in 
section 3 of this introduction. 
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The structure of Bst-UvrA reveals the presence of two large insertion domains in UvrA, 
each coordinated by a zinc-binding motif that is present at the domain boundaries. The first 
insertion domain (residues 118-256 in Bst-UvrA) is the UvrB-binding domain of UvrA 
[34,37] and the other insertion domain (residues 287-398 in Bst-UvrA), denominated the 
‘insertion domain’ (ID) of UvrA, contributes to recognition of DNA damage [38,39] and the 
loading of UvrB [39]. The exact role of this domain will be discussed in more detail in 
chapter 5 of this thesis.  
Apart from the two relatively large insertion domains, a third zinc-coordinated domain is 
present in UvrA (residues 741-757 in Bst-UvA). This domain is smaller than the two insertion 
domains and has a zinc-finger-like structure [34]. This domain, referred to as the ‘zinc-finger 
motif’, functions to stabilize the UvrA dimer and also contributes to DNA binding and 
damage recognition [39,40]. 
Surrounding the zinc-finger motif a patch of conserved, positively charged, residues is 
present that are proposed to form a DNA binding region [34]. This patch of DNA binding 
residues plays a role in binding DNA and the recognition of DNA damage [34,41]. A 
representation of the functional domains and their location in the amino acid sequence of E. 
coli UvrA is shown in Figure 2C. 
In the crystal structure of Bst-UvrA, ATPase domain I contains both the UvrB-binding 
domain and the ID of UvrA, while the zinc-finger motif is connected to ATPase domain II 
[34]. This suggests that each domain is controlled by one ATPase domain of UvrA 
specifically. The relation between the two ATPase domains of UvrA and the functional 
domains in UvrA will be discussed in more detail in chapter 4 of this thesis. 
Although the crystal structure provides excellent insight into the arrangement of the 
functional domains within UvrA, the structure of ADP-bound UvrA should not be considered 
as the structure of the active form of UvrA in which the protein probes the DNA for damage. 
Instead, in the presence of ADP, UvrA has the lowest affinity for (damaged) DNA [26] and 
has a reduced damage specific binding [33,42]. The active form of UvrA, which is considered 
to be the complex that scans DNA for the presence of lesions, likely contains a mixture of 
ATP and ADP (the ‘ATP/ADP mixed form’) [33]. 
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Figure 2: Structure and functional domains of UvrA 
(A+B) Crystal structures (top view) of the ADP-bound dimer of B. stearothermophilus UvrA (PDB entry 2R6F), 
showing all functional domains in UvrA, ZnF indicates the position of the zinc-finger motif 
In both structures monomer 1 is shown in gray and monomer 2 in light green. Bound ADP is shown with yellow 
spheres (in both subunits) and bound Zn2+ is shown as a gray sphere.  
In (A) the UvrB binding domain is shown in orange, the second insertion domain is shown in blue. The residues 
forming a DNA binding surface are indicated with pink spheres; the zinc-finger motif is shown in violet.  
In (B) the Walker A and Walker B motifs of ATPase domain I are shown in blue, the signature domain of 
ATPase I is shown in black. The Walker A and B motifs of ATPase domain II are shown in red, the signature 
domain of ATPase I is shown in pink. The dimer interface is shown in orange. 
(C) Location of the functional domains in the amino acid sequence of E. coli (class I) UvrA and the four other 
classes of UvrA homologs described in [43] 
All images of crystal structures in this thesis were generated using PyMol 0.99 (DeLano Scientific). 
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UvrA homologs 
Sequence homology analysis of all UvrA homologs present in different bacterial species 
showed that the UvrA proteins can be divided in five different classes of homologs [43]. A 
representation of the functional domains present in all five classes of UvrA homologs is 
shown in Figure 2C.  
E. coli UvrA is the standard example of a class I UvrA protein and these homologs are 
found in most eubacterial species and some archaea. Class II UvrA homologs lack the UvrB-
binding domain. In class III UvrA homologs the ID is absent. In class IV and class V UvrA 
homologs the entire UvrA protein appears to be duplicated, generating a ‘double-length’ 
UvrA-protein. In class V UvrA the ID is absent, but only in the C-terminal half of the protein 
and not in the N-terminal part.  
The advantage of utilizing a ‘double-length’ UvrA-protein (such as classes IV and V) is, most 
likely, that these UvrA do not need to form dimers, as they have all the functional domains 
required present in one polypeptide. Remarkably, class IV UvrA homologs contain several 
mutations specifically in their third ATPase domain (this is the first ATPase domain in the C-
terminal part) compared to the other three ATPase domains in class IV UvrA. This suggests 
that asymmetry exists between the N-terminal and C-terminal part of a class IV UvrA protein 
[43].  
Little is known about the functions of UvrA homologs other than class I UvrA. A class II 
UvrA homolog (UvrA2) from Pseudomonas putida, was proposed to contribute (although 
very little) to UV-survival [44]. Recently, the crystal structure of ADP-bound UvrA2 from 
Deinococcus radiodurans (Dra-UvrA2) (Figure 3B) was solved [38]. Biochemical 
characterization of Dra-UvrA2 demonstrated that class II domains have ATPase activity and 
DNA-binding activity similar to that of a class I UvrA [38]. Since class II UvrAs lack the 
UvrB-binding domain and are always found accompanied by either a class I or a class IV 
UvrA, they are expected to have functions that are not directly related to NER. A class II 
UvrA homolog (DdrC) from Streptomyces peucetius is required for resistance to daunorubicin 
[45] and a class II UvrA homolog (SnorO) from Streptomyces nogalatar contributes to 
resistance against nogalamycin [46]. Nogalamycin and daunorubicin are both DNA 
intercalating drugs, suggesting that the function of class II UvrAs is associated with removal 
of non-covalently bound agents from DNA. 
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As yet, experimental data available regarding the function of class III, IV and V UvrA are 
lacking. Class IV is likely to be functional in NER, as in all studied Chlamydiae species this is 
the only UvrA homolog present. Class III and V UvrA, however, are always found 
accompanied by either a class I or class IV UvrA, suggesting that these proteins are, just like 
class II UvrA, not directly involved in NER [43]. 
 
Figure 3: Structures of Bst-UvrA and Dra-UvrA2 
(A) Crystal structure (front view) of the ADP-bound dimer of B. stearothermophilus UvrA (PDB entry 2R6F) 
Monomer 1 is shown in gray and monomer 2 in light green. Bound ADP is shown with yellow spheres (in both 
subunits) and bound Zn2+ is shown as a gray sphere. The residues forming the DNA binding patches are 
indicated with pink spheres. 
(B) Crystal structure (front view) of the ADP-bound dimer of D. radiodurans UvrA2 (PDB entry 2VF7) 
Monomer 1 is shown in gray, monomer 2 in lime-green. Bound ADP is shown as yellow spheres (in both 
subunits) and bound Zn2+ is shown as gray spheres. The residues forming the DNA binding patches are indicated 
with pink spheres. The insertion domain is colored blue. 
 
Structure of the ATPase domains in UvrA 
E. coli UvrA contains two ATPase domains, which are both essential for repair [30-32]. 
The presence of four ATPase domains in the UvrA dimer, each of which might or might not 
have a specific function, increases the complexity of interpreting the function of ATP binding 
and hydrolysis in UvrA. Both ATPase domains belong to the superfamily of ABC-type 
ATPases. This type of ATPase (consisting of multiple highly conserved sequences: the 
Walker A and Walker B motifs, the signature sequence and the Q- and His-loops) is found in 
a highly diverse group of proteins, many of which are involved in transport of substrates 
across membranes. ABC-type ATPases are also found in other proteins involved in DNA 
repair, notably MutS and Rad50 [35].  
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Both crystal structures of UvrA (Figures 2 and 3) show an unexpected orientation of the 
UvrA ATPase domains. In classical ABC ATPases, ATP is bound at the interface of the 
dimer bridging the ATP-binding domain of one subunit with the signature domain of the other 
subunit [47]. In UvrA however, the two ATP binding sites are formed in an intramolecular 
fashion. ATP binding site I of UvrA consists of the N-terminal Walker A and Walker B 
motifs and the C-terminal signature sequence and ATP binding site II is formed by the C-
terminal Walker A and B motifs and the N-terminal signature sequence (Figure 2). 
The nucleotide-free dimer interface of UvrA (highlighted in Figure 2B) is formed by a 
large surface area between both monomers and its structure is highly conserved in Bst-UvrA 
and Dra-UvrA2 [34,38]. The dimer interface is connected to the two ATPase domains via the 
signature domain of ATP binding site II and the Walker A motif of ATP binding site I. Both 
ATPase domains have an important function in maintaining the stability of the dimer interface 
[32,33]. 
 
Interaction with UvrB 
The UvrB-binding domain of UvrA facilitates interaction between UvrA and UvrB. 
Deletion of this domain makes UvrA unable to bind UvrB in solution [34]. A co-crystal 
structure of the UvrB-binding of B. stearothermophilus UvrA with the UvrA-binding domain 
(domain 2) of B. stearothermophilus UvrB is available (Figure 5), showing that their 
interaction is polar and consists of water-mediated hydrogen-bonds and electrostatic 
interactions, involving residues R176, R206 and D219 in Bst-UvrA and residues R183, D198, 
E215 and E222 in Bst-UvrB [37]. 
 
 
Figure 4: Co-crystal structure of the UvrB-
binding domain of B. stearothermophilus UvrA 
with the UvrA-binding domain in B. stearo-
thermophilus UvrB (PDB entry 3FPN) 
The UvrA domain is shown in orange, the UvrB 
domain is shown in blue.  
Interacting residues are represented as sticks. 
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Since the interaction between UvrA and UvrB is specifically coordinated during the 
loading (and post-loading) events of the NER reaction, it is not unlikely that during the NER 
reaction other domains within UvrA can engage in functional interactions with UvrB. 
Through Western Blotting, it was shown that Dra-UvrA2, which lacks the UvrB-binding 
domain, still has a very weak UvrB binding activity, suggesting the possible existence of 
other UvrB-interacting domains within UvrA [38]. With protein affinity chromatography, a 
second UvrA-binding domain (besides domain 2 in UvrB) was identified in UvrB, at its C-
terminal region (residues 547-630), which could make contact with a different part of UvrA 
[48]. 
The interaction between UvrA and UvrB does not only occur before (and during) loading 
of UvrB to damaged DNA, but UvrA is also able to re-associate with UvrB complexes that 
are bound to damaged DNA, before and after incision [17,49]. As the C-terminal region of 
UvrB, one of the binding targets for UvrA, is also the binding target of UvrC, the interaction 
of UvrA with the C-terminal part of UvrB might protect UvrB-DNA complexes from 
premature binding of UvrC and subsequent unfavorable incisions [17]. 
 
DNA binding and damage recognition 
Two domains in UvrA are proposed to contact DNA: the DNA binding patches and the 
insertion domain [34,38,39]. The DNA binding patches of UvrA consist of several positively 
charged residues located in the C-terminal part of UvrA, which likely make an electrostatic 
interaction with the phosphate backbone of DNA [34]. Modeling of DNA along this region in 
the UvrA dimer showed that together these residues can accommodate approximately 30 
basepairs of dsDNA, which is in agreement with the 32 bp DNaseI footprint found for UvrA 
[27,34]. With Atomic Force Microscopy (AFM) it was found that the UvrA dimer is able to 
simultaneously bind two different undamaged DNA sites or DNA ends, but not two DNA 
lesions [33]. Probably, because they are separated by a relatively large distance, the two DNA 
binding patches within the UvrA dimer are able to independently bind DNA. For the 
coordination of damaged DNA however, they have to be positioned such that they can both 
contact the DNA flanking a lesion [33]. The zinc-finger motif of UvrA plays an essential role 
in coordinating the two DNA binding regions in the UvrA dimer, as deletion of this motif 
affects both dimerization and DNA binding [39,40]. 
Recently, it was shown that also the ID of UvrA makes a large contribution to the 
recognition of DNA damage [38,39]. In the crystal structures of Bst-UvrA and Dra-UvrA2, 
this domain occupies different positions (Figures 3A and 3B).  
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In the Dra-UvrA2 structure, the two insertion domains are positioned closer to each other than 
in the Bst-UvrA structure [34,38]. However, in both structures the two IDs have a remarkable, 
almost perpendicular, orientation towards the DNA binding patches (Figure 3). This suggests 
that the ID stabilizes the UvrA-DNA complex by forming a clamp around the DNA that is 
bound by these patches.  
When UvrA binds undamaged DNA, the ID will clamp around the DNA that is bound at 
one of the two DNA binding patches of UvrA [39]. This way, the ID guides the DNA towards 
the second DNA binding patch [39]. When both patches can stably contact DNA, this is 
indicative for the presence of a lesion and as a consequence ATP hydrolysis will be activated 
[32,39].  
Coupling of ATPase activity to DNA binding is mediated by the zinc-finger motif of 
UvrA, since removal of this domain from UvrA eliminates the coupling between DNA 
binding and ATP hydrolysis [39]. ATP hydrolysis enhances the recognition of non-bulky 
lesions, through facilitating separation of the DNA strands flanking the lesion [32]. However, 
when the ID is removed from UvrA or is mutated, ATP no longer stimulates binding of the 
non-bulky CPD lesion. The same mutations however do not affect the ATPase activity of 
UvrA, suggesting that, after ATP hydrolysis, the contact of the ID with DNA results in strand-
separation [39]. 
The amino acid sequence and size of the ID is very poorly conserved between UvrA 
homologs. Within the ID of UvrA only two arginine residues are found that are conserved 
between different bacterial species [43]. However, besides these two conserved arginine 
residues, many positively charged residues are present in the IDs of different UvrA proteins. 
Analysis of mutant proteins demonstrated that the ID binds DNA via these charged residues 
[38,39]. 
To summarize, the DNA binding surface and the ID of UvrA likely operate in a two-step 
mechanism to facilitate loading of UvrB. Initially, the UvrA dimer binds DNA via its DNA 
binding patches. When both subunits of the UvrA dimer can stably associate with DNA, 
which is likely only possible on damaged DNA, the ATPase activity of UvrA will be 
triggered. Next, as a result of ATP hydrolysis, the ID will change its position and make a 
different contact with the DNA, resulting in local strand separation around the lesion which 
stabilizes the UvrA-DNA complex on sites containing non-bulky lesions such as CPD-DNA. 
This model is explained in more detail in chapters 4 and 5 of this thesis. 
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UvrB 
The E. coli UvrB protein consists of 673 amino acids, having a molecular mass of 67 kDa. 
UvrB plays a pivotal role in Nucleotide Excision Repair, because UvrB interacts with all other 
players in bacterial NER: UvrA, UvrC, Cho, UvrD, PolI and (damaged) DNA, and also 
because UvrB binding to damaged DNA is the ultimate step before incision of the damaged 
DNA (reviewed in [50] and [51]). 
The binding of damaged DNA by UvrB is initiated by UvrA, which loads UvrB onto sites 
of potential lesions [42]. In the absence of UvrA, UvrB cannot bind to DNA lesions in 
double-stranded DNA [48]. However, when a DNA lesion is close to the 5’ end of the 
damaged strand, then UvrB alone is able to bind [52]. This suggests that the function of UvrA 
is to create ‘entry sites’ for UvrB in the DNA by opening the DNA strands [52,53]. When the 
damage is close to a substrate end however, the partly single-stranded nature of a DNA end 
likely facilitates binding of UvrB without the assistance of UvrA [53]. 
Even though UvrB has a lower dimerization constant than UvrA [33,54], the functional 
form of UvrB is a dimer. In the damage scanning A2B2 complex two UvrB subunits are 
present [18] and, also after UvrA has loaded UvrB onto a lesion and has dissociated, the UvrB 
remains bound to the damage as a dimer [18]. In this complex one UvrB molecule remains 
tightly bound to the damaged site while the second UvrB subunit is bound to the DNA at the 
3’ side of the lesion and is more loosely associated [55]. 
 
Structure of UvrB 
 Crystal structures of Bacillus caldotenax UvrB [56] and Thermus thermophilus UvrB 
[57,58] as well as a co-crystal structure of B. caldotenax UvrB bound to a single strand-
double strand junction [59] and a co-crystal structure of Bacillus subtilis UvrB bound to a 
DNA pentamer containing a fluorescein-damage [60] are solved. The crystal structure of B. 
caldotenax UvrB is shown in Figure 5A. Based on this crystal structure, five structural 
domains have been assigned in the protein (domains 1a, 1b, 2, 3 and 4). A schematic view of 
the domains identified in UvrB and their position in the amino acids sequence of E. coli UvrB 
is shown in Figure 5C.  
Biochemical characterization of domain 2 in UvrB identified this domain as a UvrA-
interacting domain [61]. This domain directly interacts with the UvrB-binding domain of 
UvrA, as seen in the co-crystal structure of domain 2 from Bst-UvrB with the UvrB-binding 
domain of Bst-UvrA [37]. 
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Figure 5: Structure and functional domains of UvrB 
(A) Crystal structure of ATP-bound UvrB from B. caldotenax (PDB entry 1D9Z) 
Domain 1a is colored dark blue, domain 1b is colored light blue; the beta-hairpin domain is shown in red. 
Domain 2 is shown in green; domain 3 is shown in purple. UvrB domain 4 is not included, as this domain was 
disordered in the crystal structure. Bound ATP is shown with yellow spheres; bound Mg2+ is shown as a gray 
sphere. 
(B) Solution structure of the 55 C-terminal amino acids of E. coli UvrB, containing domain 4 of UvrB (PDB 
entry 1E52) 
Monomer 1 is shown in orange; monomer 2 is shown in light green. 
(C) Location of the functional domains in the amino acid sequence of E. coli UvrB 
The helicase motifs are indicated with roman numbers. 
In the crystal structure of UvrB, domain 4 (the C-terminal part of UvrB) is highly 
disordered and therefore not visible. The structure of domain 4 (the 55 C-terminal amino 
acids) from E. coli UvrB however was solved separately using crystallography [62] and NMR 
[63]. The solution (NMR) structure of the C-terminal domain of E. coli UvrB is shown in 
Figure 5B. Notably, the C-terminal domain of UvrB is a dimer in both structures, indicating 
that domain 4 is involved in dimerization of UvrB. Indeed, FRET- and AFM-studies 
demonstrated that UvrB domain 4 greatly contributes to the stability of the UvrB-dimer, 
which is essential for formation of the A2B2-complex and the UvrB2-DNA pre-incision 
complex [17,18,64,65].  
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The C-terminal part of UvrB also has sequence homology with UvrC and it was shown that, 
apart from stabilizing the UvrB-dimer, the C-terminal part of UvrB also functions as an 
important UvrC-binding domain [66,67]. The accessibility of the C-terminal part of UvrB, 
which contains binding domains for both UvrA and UvrC, is tightly regulated.  
When the A2B2-complex probes DNA for damages, UvrA binds to the C-terminal part of 
UvrB, thereby stabilizing the UvrB-dimer [17]. This interaction prevents binding of UvrC, 
which could lead to unwanted incision events. The shielding of the C-terminal part of UvrB 
by UvrA could also happen after incision by UvrC, but it is unclear whether this has an in 
vivo function [17,49]. 
UvrB is a member of the helicase superfamily, and contains six conserved helicase motifs 
(I – VI). These helicase motifs are located in domains 1a and 3 of UvrB, with bound ATP 
located in between the helicase motifs. Helicase motifs I and II in UvrB correspond to the 
Walker A and Walker B motifs that are common to ATPase sites [68,69]. The structure of the 
helicase motifs in UvrB is similar to that of helicases NS3, PcrA and Rep [68]. UvrB however 
does not function as a general helicase, which utilizes ATP hydrolysis to unwind long 
stretches of DNA [70]. Instead, UvrB shows a very limited strand-displacement activity, 
referred to as ‘local unwinding of DNA’, that is dependent on the presence of UvrA and ATP 
[71-73].  
The ATPase activity of UvrB is activated in the presence of UvrA and damaged DNA, 
suggesting that delivery of UvrB to damaged DNA requires ATP hydrolysis in UvrB 
[70,74,75]. Indeed, it was demonstrated that during UvrB-loading multiple rounds of ATP 
binding and hydrolysis take place [76]. In the pre-incision UvrB-DNA complex however, 
which is the binding target of UvrC, UvrB is proposed to be in the ATP-bound form [76]. 
 
Recognition of DNA damage by UvrB 
 The crystal structure of UvrB revealed the presence of a beta-hairpin domain in UvrB that 
is connected to helicase domain 1a (Figure 5). The beta-hairpin of UvrB consists of several 
highly conserved tyrosine residues and is essential for DNA binding and recognition of DNA 
damage [77,78]. In the co-crystal structure of B. caldotenax UvrB bound to a single strand-
double strand DNA junction (Figure 6) one strand of DNA is bound in between the beta-
hairpin and domain 1b of UvrB, indicating that the beta-hairpin inserts itself between the two 
strands of the DNA presented by UvrA [59]. In this structure it can also be seen that one of 
the bound nucleotides is in an extrahelical conformation, suggesting UvrB utilizes a base 
flipping mechanism to probe the DNA for damage (Figure 6). 
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Figure 6: Structure of UvrB bound to a single-strand double-strand DNA junction (PDB entry 2FDC) 
Domain 1a is colored dark blue, domain 1b is colored light blue; the beta-hairpin domain is shown in red. 
Domain 2 is shown in green; domain 3 is shown in purple. 
In this co-crystal, UvrB is bound to a DNA hairpin (with a 3-bp stem, a 3-nt 3’overhang and an 11-nt loop). 
Nucleotides belonging to the loop are shown in gray. The two strands forming the three basepair stem are 
indicated in green and orange. The 3’ overhang (orange strand) passes behind the beta-hairpin of UvrB. The first 
nucleotide of this overhang (shown in pink) is in an extrahelical position. 
Base flipping activity of UvrB was demonstrated with 2-aminopurine fluorescence (2-
aminopurine is a fluorescent adenine analogue), demonstrating that UvrB does not flip the 
damaged nucleotide itself, but instead the nucleotide directly 3’ to the damage [79]. The 
degree of base flipping varies with ATP binding and hydrolysis, demonstrating that binding or 
hydrolysis of ATP in the UvrB-DNA complex result in structural changes within the complex 
that either initiate or prevent the next step of the NER mechanism [76,79]. Based on these 
observations, a model was proposed for damage recognition. In this model UvrB, powered by 
its ATPase activity, probes the DNA for damage by translocating one DNA strand behind its 
beta-hairpin, by rotation of the individual bases. Because a DNA lesion does not fit behind the 
beta-hairpin, translocation will be halted upon encountering a lesion and this initiates 
formation of the pre-incision complex [59,60,80]. As a consequence, in the pre-incision 
complex the base directly 3’ to the lesion will be in an extrahelical conformation [79]. 
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UvrB does not only interact with the DNA directly surrounding the lesion. AFM [81] and 
fluorescence polarization [82] studies have demonstrated that, when UvrB is bound to DNA, 
approximately 72 basepairs of DNA, located directly 3’ to the damage, wrap around UvrB 
(either as part the A2B2-DNA complex or as a UvrB2-DNA complex). These 72 basepairs 
wrap around one UvrB subunit, in an ATP-dependent manner [18,81]. Wrapping of DNA 
around one UvrB subunit induces a local melting in the DNA [82] and this likely facilitates 
insertion of the beta-hairpin between the strands [18]. It was proposed that, when a lesion is 
not detected, the DNA can subsequently be transferred to the second subunit of the UvrB-
dimer, which in its turn will scan the other strand for the presence of DNA damage [18]. 
Molecular modeling of the path that the wrapped DNA would take along UvrB, suggested 
that the wrap is facilitated through electrostatic interactions between positively charged 
residues on the surface of UvrB and the phosphate backbone of DNA [83]. 
 
UvrC 
E. coli UvrC is a 610 amino acid protein with a molecular weight of 67 kDa, which 
catalyzes both the 3’ and 5’ incisions. UvrC binds UvrB as a monomer [84], but forms a 
dimer in solution (Wagner et al., unpublished data). 
The sequence of incision events is precisely coordinated, with the first incision taking 
place at the fourth or fifth phosphodiester bond 3’ to the lesion and the second incision taking 
place at the eight phosphodiester bond 5’ to the lesion [6]. 
For each incision step, UvrC uses a specific endonuclease domain. The N-terminal half of 
UvrC contains the 3’-endonuclease and the 5’-endonuclease is located in the C-terminal half 
of UvrC [84]. Based on sequence homology analysis and biochemical characterization three 
other functional domains have been identified within UvrC [43,85]: The UvrB-interaction 
domain, the double helix-hairpin-helix ((HhH)2) domain and a cysteine-rich domain. The 
position of each functional domain in the sequence of E. coli UvrC is shown in Figure 7C. 
The sequence of UvrC incision events (first 3’ to the damage, then at the 5’ side) appears 
to be tightly controlled by UvrB. After UvrC has bound to UvrB, the first incision of UvrC 
depends on the presence of a nucleotide opposite to the lesion and only occurs efficiently if 
the neighboring base at the 5’ side has been flipped into an extrahelical conformation by UvrB 
[80]. Presumably, the base opposite to the lesion forms a target for UvrC binding and can only 
be accessed when its 5’ neighbor is in an extrahelical conformation. The 3’ incision is 
subsequently followed by 5’ incision.  
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This 5’ incision requires the presence of a nick at the 3’ side of the damage, since 5’ 
incision can also occur on 3’ pre-nicked substrates [52,86]. Apparently, the 3’ nick changes 
the structure of the DNA bound by the UvrB/UvrC complex, as, after 3’ incision, the base 5’ 
to the nucleotide opposite the lesion is no longer in an extrahelical conformation. This 
conformational change of the bases in the non-damaged strand is proposed to regulate the 
sequence of incisions by UvrC [80]. 
 
Structure of UvrC 
 Crystal structures of the N-terminal part of UvrC containing the 3’ endonuclease domain 
from B. caldotenax and Thermotoga maritima were solved [87] (shown in Figure 7A). The 3’-
endonuclease domain of UvrC shares sequence homology with the GIY-YIG endonuclease 
family [85] and the structure of the N-terminal part of T. maritima UvrC shows homology 
with the GIY-YIG homing endonuclease I-TevI [87]. Crystal soaking experiments confirmed 
that the N-terminal endonuclease domain binds one divalent metal ion, which can be Mg2+ or 
Mn2+ [87]. The active site of the 3’ incision domain consists of four strictly conserved 
residues. Residue E76 (E81 in E. coli) coordinates the divalent metal ion, residue Y29 (Y32 in 
E. coli) acts as an acceptor base for the nucleophilic water (likely in cooperation with Y19 and 
Y43) and the positively charged residues K32 and R39 (K35 and R42 in E. coli) stabilize the 
negative charge of the phosphate backbone. Mutation of either of these residues inactivates 
this endonuclease domain [84,87]. 
 The crystal structure of the C-terminal part of UvrC from T. maritima, containing the 5’ 
endonuclease domain and the (HhH)2 domain is known [88] (Figure 7B), as well as the 
solution (NMR) structure of the (HhH)2-domain of E. coli UvrC [89]. The crystal structure of 
the 5’-endonuclease domain of T. maritima shows structural homology with members of the 
RNase H family of enzymes, such as RNase HI or Argonaute [88]. The catalytic domain of 
the 5’-endonuclease of UvrC consists of three amino acid residues: D367, D429 and H488 
(D399, D466 and H538 in E. coli UvrC) that form the so-called DDH motif [90]. This motif is 
common in RNase H-like enzymes. It was proposed that RNase H-like enzymes utilize a two-
metal cleavage mechanism [91] and although co-crystallization and soaking experiments in 
the presence of MnCl2 showed that one Mn2+ is present in the active site, it is likely that the 
5’-endonuclease domain also utilizes two metals [88]. 
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Figure 7: Structure and functional domains of UvrC 
(A) Crystal structure of the 98 N-terminal amino acids from T. maritima UvrC (PDB entry 1YD1) 
Residues important for catalyzing the 3’ incision are represented as sticks. Bound Mg2+ is shown as a gray 
sphere. 
(B) Crystal structure of the C-terminal part of T. maritima UvrC (PDB entry 2NRZ) 
Residues important for catalyzing the 5’ incision are represented as sticks. The endonuclease domain (catalytic 
residues are indicated) is shown in violet. The (HhH)2-domain is shown in cyan. Bound Mn2+ is shown as a grey 
sphere. 
(C) Location of the functional domains in the amino acid sequence of E. coli UvrC 
The (HhH)2 domain of UvrC is connected to the C-terminal endonuclease via a flexible 
linker. In E. coli, the (HhH)2 domain is essential for in vivo repair, as deletion of this domain 
resulted in an UV-sensitive phenotype [92]. A (HhH)2 domain with a similar sequence is 
present in ERCC1 [85] and in XPF [93], which together form the complex that makes the 5’-
incision in mammalian NER [94]. The (HhH)2 domains of ERCC1 and XPF are both required 
for formation of the ERCC1/XPF complex [93,95] and have the ability to bind single-strand/ 
double-strand DNA junctions [96]. 
Like the (HhH)2 domains in the ERCC1/XPF complex, the (HhH)2 domain in UvrC is able 
to bind single strand-double strand DNA junctions and is involved in the 5’-incision [89,92]. 
Depending on the lesion type and its sequence context, the (HhH)2 domain of UvrC also 
contributes to 3’ incision [96], most likely by stabilizing the binding of UvrC to DNA. 
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The UvrB-binding domain of UvrC is located between both endonuclease domains and 
shares homology with the C-terminal part of UvrB. Mutation of a conserved residue (F233L) 
within this domain disrupts the interaction between UvrB and UvrC [97]. Likewise, a similar 
mutation (F652L) in the C-terminal part of UvrB has the same effect [97]. Remarkably, the 
interaction between the homologous domains in UvrB and UvrC is specifically required for 3’ 
incision and not for 5’ incision [98]. This indicates that for 5’ incision UvrB and UvrC make a 
different interaction, which involves different domains in both UvrB and UvrC. 
 Apart from the domains mentioned before, a fifth conserved domain was identified in the 
UvrC sequence, which contains three (sometimes four) conserved cysteine residues within a 
consensus sequence CX7CX3C(X6-16C). At present, it remains unclear what the function of 
this cysteine-rich domain could be [43]. As the structure of the complete UvrC has not yet 
been reported, no structural data are available for the UvrB-interaction domain and the 
cysteine-rich domain of UvrC. 
 
Cho 
Cho (UvrC homolog) is a 295 amino acid protein with a molecular mass of 33.7 kDa that 
shares homology with the N-terminal half of UvrC (Figure 8). In E. coli, Cho functions as a 
second NER endonuclease. The cho gene has a minor function in overall UV-survival of E. 
coli, as the (small) contribution of cho to UV-survival can only be detected in the absence of 
UvrC [14]. E. coli Cho incises the DNA on the 3’ side of the lesion and does this at a different 
position (at the ninth phosphodiester bond 3’ to the damage) than UvrC. After Cho incision 
however, UvrC is still able to make the 5’ incision [14]. 
Five different classes of Cho homologs are found in bacteria [14]. A representation of the 
functional domains present in the five protein classes is shown in Figure 8. 
E. coli Cho is an example of a class II protein, which shares sequence homology with the 
3’ endonuclease domain and the cysteine-rich domain of UvrC [14]. E. coli Cho binds UvrB 
at a different position than UvrC, since the interaction between Cho and UvrB does not 
require the C-terminal domain of UvrB [14]. It is still unclear which residues in Cho (or 
UvrB) are responsible for the interaction between UvrB and Cho. Apart from a small 
sequence homologous to the UvrB-binding domain in UvrC located at its N-terminal part, 
class II Cho proteins do not contain any large sequence homologies with the known UvrB-
binding domains of UvrC and UvrA. However, it is unlikely that this sequence alone is 
responsible for UvrB-binding, since in UvrC this sequence binds exclusively to the C-
terminal region of UvrB (which is not required for Cho incision) [66,67]. 
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Figure 8: Comparison of the functional domains of Cho and UvrC 
(A) Functional domains of the five classes of Cho homologs described in [43]. E. coli expresses a class II Cho 
protein. 
(B) Functional domains of UvrC 
Class I of the Cho homologs consist of the endonuclease domain followed by a species 
specific domain and is likely not active in NER. Class III has the same domains as class II 
Cho, but in addition it has a domain homologous to the UvrB-binding domain in UvrC. This 
suggests that, in contrast to a class II Cho protein, class III Cho binds UvrB via a similar 
mechanism as UvrC. Class IV and V contain, in addition to the 3’ endonuclease domain,  a 3’ 
to 5’ exonuclease domain, which resembles the Epsilon proofreading subunit of DNA 
polymerase III. If this exonuclease is capable of removing a DNA lesion after 3’ incision, this 
domain would enable Class IV and V Cho to perform repair without assistance of UvrC [43]. 
No structural data is (yet) available for any of the Cho homologs, but since the residues 
that form the active site of the 3’ endonuclease in UvrC are strictly conserved in all Cho 
classes it is conceivable that Cho has a structure that is highly similar to the N-terminal part of 
UvrC [14]. Likewise, the Cho-endonuclease domain also utilizes a divalent metal cofactor, 
which can be either Mg2+ or Mn2+ (Moolenaar et al., unpublished data). 
 Remarkably, Cho can incise lesions that are poorly incised by UvrC, indicating that Cho 
not only binds a different part of UvrB, but also makes a different contact with DNA than 
UvrC [14].  
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This is also indicated by the fact that, in contrast to 3’ incision by UvrC, Cho incision is not 
dependent on the interaction of UvrB with the strand opposite to the damage [79,80]. Taken 
together it is likely that Cho, because it interacts with the UvrB-DNA complex in a different 
fashion than UvrC, serves as a backup endonuclease which performs 3’ incision on lesions 
that are improperly processed by UvrB. 
   
Coupling of Transcription and NER: Transcription Repair Coupling Factor 
Lesions in transcribed strands of the E. coli genome are generally more rapidly repaired 
than lesions in the non-transcribed parts [99]. Efficient coupling between transcription and 
repair is necessary for removal of RNA polymerases that have stalled at a lesion site. To 
accomplish the efficient repair of DNA damage that has blocked the progression of RNA 
polymerases, E. coli utilizes a specific Transcription Repair Coupling Factor (TRCF), which 
removes stalled RNA polymerases and subsequently recruits UvrABC [16]. 
The mfd (mutation frequency decline) gene codes for the TRCF protein, which is a protein 
of 1148 amino acids with a molecular weight of 130 kDa. Deletion of the mfd gene from E. 
coli leads to an increase in mutation frequency [100] and reduces the UV-survival capacity, 
indicating that removal of stalled RNA polymerases contributes to the efficiency of DNA 
repair. TRCF removes stalled RNA polymerases by the translocation of DNA, which leads to 
the polymerase being pushed forward into the direction of transcription. This ultimately leads 
to dissociation of the stalled RNA polymerase, allowing the lesion to be accessed by UvrA 
[101]. The TRCF protein consists of a UvrA binding domain, which has sequence homology 
with domain 2 of UvrB, a domain that interacts with the RNA polymerase, a ‘handle domain’ 
and a helicase, homologous to RecG, which has ATPase activity [102,103]. The locations of 
these domains in the sequence of E. coli TRCF are shown in Figure 9D. The crystal structure 
of E. coli TRCF has been solved (Figure 9A) [104]. The structure of the N-terminal 333 
amino acids of E. coli TRCF, containing the homology to UvrB domain 2, is very similar to 
the structure of the domains 1a, 1b, 2 and 3 of the UvrB protein (and not only UvrB domain 
2), although it lacks the beta-hairpin and has no functional ATPase [104,105]. A comparison 
of the structures of TRCF and UvrB is shown in Figure 9.  
The interaction between TRCF and UvrA is coordinated by the ‘handle domain’ located at 
the C-terminal part of TRCF. When TRCF is not bound to RNA polymerase the handle 
domain obscures the UvrA binding region of TRCF, thereby preventing its interaction with 
UvrA. After association with RNA polymerase the handle domain changes position, allowing 
TRCF to bind UvrA [104].  
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Deletion of the handle domain from E. coli TRCF results in a UV-sensitive phenotype, which 
can be rescued by the addition of extra UvrA [102]. This indicates that premature association 
of TRCF with UvrA is deleterious to NER. As TRCF likely binds the UvrB-binding domain 
of UvrA, the premature interaction of TRCF with UvrA would prevent UvrA to bind the 
UvrB dimer.  
It remains however unclear how the interaction between UvrA and TRCF is coordinated 
when TRCF recruits UvrA to a lesion. To recruit UvrA, TRCF would have to compete with 
one of the UvrB subunits of the A2B2-complex, which could compromise the function of 
UvrB. Possibly, the interaction between TRCF and UvrA is tightly regulated by the handle 
domain in TRCF; this domain could obscure the UvrA binding region of TRCF as soon as 
UvrA has been recruited to the lesion, allowing UvrB to re-bind. It was also proposed that, to 
recruit UvrA, TRCF binds to a different domain of UvrA and does not compete with UvrB. In 
this model, the interaction between the UvrB-homologous domain of TRCF and UvrA would 
contribute to the dissociation of UvrA from UvrB, after UvrA has loaded UvrB to the lesion 
[106]. 
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Figure 9: Structure and functional domains of TRCF 
(A) Structure of E. coli TRCF (PDB entry 2EYQ) 
The UvrB homologous domain is shown in blue, the RNA polymerase interacting domain is shown in red, the 
translocase domain is shown in green and the handle domain in violet. 
(B) Structures of the UvrB-homologous domain of E. coli TRCF  
(C) Structure of domains 1a, 1b 2 of B. caldotenax UvrB (same as shown in Figure 5A) 
(D) Location of the functional domains in the amino acid sequence of E. coli TRCF 
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FUNCTION OF ABC-ATPases IN DNA REPAIR 
The ABC (ATP Binding Cassette) ATPase domain is an ancient ATPase domain of which 
the functional groups are conserved in archaea, bacteria and eukaryotes. The ABC ATPase is 
found in a large group of proteins. For example in E. coli, ABC ATPases are found in 
approximately 5 % of the proteome, making the ABC ATPase protein family the largest in E. 
coli (reviewed in [107] and [108]). The majority of the ABC ATPases are found in ABC 
transporter proteins, which use ATP hydrolysis to transport substrates across a cellular 
membrane. An example of a human ABC transporter protein is the cystic fibrosis 
transmembrane conductance regulator (CFTR), which serves as a chloride ion channel. 
Defects in the CFTR-protein ultimately cause the disease cystic fibrosis [109]. A small 
number of ABC ATPases has functions other than transmembrane transport, from which 
UvrA, MutS and Rad50 function in DNA repair [107,108]. 
  
The ABC-ATPase, structure and mechanism 
The general structure of an ABC ATPase protein consists of two functional modules: the 
ATPase and an insertion domain, which for the ABC transporter proteins is the 
transmembrane domain. The insertion domain of the ABC ATPase protein is generically 
involved in substrate recognition whereas the ATPase supplies the energy required for 
transport. The coupling of the ATPase to substrate transport is accomplished through 
conformational changes of the insertion domain that result from binding and hydrolysis of 
ATP [110,111].    
 The ABC ATPase domain consists of several highly conserved subdomains: The Walker 
A and Walker B motifs, the signature sequence, the D, H and Q loops and a recently defined 
A-loop [112]. Binding and hydrolysis of ATP by the ABC ATPase also requires the presence 
of Mg2+. Based on the structure of the ATP-bound form of ABC transporter MJ0796 [113], a 
contact diagram has been made for the interactions of each sub-domain of the ATPase with 
ATP, Mg2+ and the hydrolytic water (Figure 10). The function of the Walker A motif is to 
make contact with all three phosphates in the ATP molecule and to bind the magnesium ion, 
whereas the signature motif and the H-loop contact only the γ-phosphate of ATP. The 
hydrolytic water is contacted by the Walker B motif and the Q- and D-loops.  
The role of the A-loop is to contact the adenosine ring of ATP. This A-loop is however 
not strictly conserved in all ABC ATPases and is absent in both ATPase domains of UvrA 
[112]. 
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Figure 10: Contact diagram of the ABC ATPase subdomains from the MJ0796 protein (adapted from [113]) 
This contact diagram is based on the structure of the Na+- and ATP-bound form of the MJ0796 mutant E171Q 
(indicated as E(Q). In this structure, Na+ has an equivalent position as Mg2+ in wild-type MJ0796. The strong 
interaction of the lysine (K) residue in the Walker A motif and the serine (S) residue in the signature sequence is 
represented as a thick black line. 
 
Structure of nucleotide-free, ATP- and ADP-bound ABC ATPases 
The structures of nucleotide-free, ATP- and ADP-bound forms of E. coli MalK, an ABC 
transporter protein involved in transport of maltose, are available (Figure 11) [114,115]. 
Comparison of these three structures of E. coli MalK reveals which structural changes MalK 
undergoes upon ATP binding and hydrolysis.  
The structure of ATP-bound MalK demonstrates the spatial organization of the ABC 
ATPase, which is a dimer complex. The structure of the ATPase domains of MalK and 
MJ0796 are highly similar, demonstrating that the organization of the ATPase domain is 
highly conserved between ABC ATPases [113,114].  
In both structures ATP is bound between the Walker A motif of monomer 1 and the signature 
motif of monomer 2. Likewise, the second ATP is bound between the Walker A motif of 
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monomer 2 and the signature motif of monomer 1. The shape of this complex, with ATP 
‘sandwiched’ in between two subunits of the dimer complex is generally referred to as the 
‘nucleotide sandwich’ dimer [113]. Notably, MalK forms a stable dimer in the absence of a 
nucleotide cofactor, which is due a MalK-specific C-terminal regulatory domain (CRD) that 
forms a second dimer interface [114]. For other ‘generic’ ABC ATPases, such as MJ0796 
[113,116], Mdl1p [117], HlyB [118] or CvaB [119], dimerization of the protein is dependent 
on the presence of ATP. 
 
Figure 11: Structures of the different forms of the E. coli MalK dimer and its ATPase domain 
MalK is shown in the nucleotide-free (A), ATP-bound (B) and ADP-bound form (C) (PDB entries 1Q1B, 1Q12 
and 2AWN, respectively). Below each MalK structure, the structure of the ATPase domain is shown. 
In each structure, monomer 1 is shown in light brown, monomer 2 in pale cyan.  
The C-terminal regulatory domain (CRD) is shown in orange in monomer 1 and in green in monomer 2. The 
Walker A motif is highlighted in dark blue; the Walker B motif is highlighted in blue. Only the Walker A and B 
motifs in monomer 1 are highlighted. The signature sequence is highlighted in red; the D-loop is highlighted in 
dark red. The signature sequence and D-loop are only highlighted in monomer 2. For the purpose of clarity, other 
sub-domains of the ATPase have not been highlighted. The bound nucleotides are shown with yellow spheres; 
bound Mg2+ is shown as a gray sphere (due to crystallization conditions, Mg2+
 
is absent in the ATP-bound 
structure). 
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The most notable difference between the three structures of MalK is the orientation of the 
Walker A motif with respect to the signature sequence. Only in ATP-bound MalK the 
nucleotide is sandwiched between the Walker A motif and the signature sequence.  
In the ADP-bound form, the nucleotide is only bound by the Walker A motif and the 
signature sequence appears approximately 10 Å shifted away from the nucleotide [115]. The 
different structure of the ADP-bound ATPase is likely due to the ADP molecule being smaller 
and less charged. This effect of local charge on the structure of the ABC ATPase domain 
suggests that electrostatic interactions lie at the basis of a change in conformation of the 
ATPase. Upon hydrolysis, charge repulsion between the negatively charged hydrolysis 
products ADP (bound by the Walker A motif) and phosphate (bound by the signature 
sequence) is likely to be the driving force between the separation of the Walker A motif and 
the signature sequence [113,114]. 
The nucleotide-free form of MalK largely resembles the ADP-bound form of MalK, with 
the signature sequence appearing to be separated from the Walker A motif. The resemblance 
between the nucleotide-free and the ADP-bound form indicates that post-hydrolytic 
dissociation of ADP from the ATPase domain does not trigger a large conformational change 
in the protein and that ADP likely dissociates rapidly after hydrolysis [115].   
 Based on the comparison of the nucleotide-free, ATP- and ADP-bound forms of MalK a 
model for the hydrolytic cycle of the ABC ATPase is proposed (a schematic representation is 
shown in Figure 12): ATP binding to the ABC ATPase triggers the formation of the 
nucleotide sandwich dimer, in which the Walker A motifs and the signature sequences of the 
two monomers form the ATPase site. This conformational change of the ATPase domain 
represents the ‘power stroke’ of the ABC transporter proteins and is translated into a change 
in the conformation of the insertion domain of the protein (the transmembrane domain of an 
ABC transporter), allowing substrate transport or association with binding partners [113-115]. 
Hydrolysis of the two bound ATP molecules, which is shown to occur in two sequential 
steps [117], triggers the next conformational change. This conformational change is facilitated 
by the electrostatic repulsion of the hydrolysis products and ‘resets’ both the ATPase domain 
and the insertion domain into their original positions. After the dissociation of the hydrolysis 
products, the ATPase is again in its original state and ready for the next cycle [115]. 
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Figure 12: Schematic model of the reaction cycle of the ABC ATPases 
The Walker A motif of the protein is represented as a blue rectangle, the signature sequence of the protein is 
shown as a red rectangle. Bound ATP (or ADP) is shown as a yellow oval representing the nucleotide and three 
(or two) yellow circles representing the phosphates. The white colored rectangle (labeled ID) that is connected to 
the ATPase represents the insertion domain of the protein. 
 
Adenylate kinase activity in ABC ATPases 
Notably, in addition to their ATPase activity, the ABC ATPase CFTR [120] is capable of 
performing adenylate kinase activity. Adenylate kinase activity is the reversible generation of 
two ADP molecules from one ATP and one AMP molecule (Equation 1). 
ADPAMPATP
ADPAMPATP
reverse
forward
2
2
 ←+
 →+
  (1) 
Both the forward and reverse adenylate kinase reactions are reversible reactions that 
release no free energy [121,122]. Because of the energetic neutrality of the adenylate kinase 
reaction, it could serve as a tool to generate new ATP from ADP, especially when the local 
ADP concentration is high [120,123]. At this moment however, it remains unclear whether 
adenylate kinase activity is generic for all ABC ATPases [124]. 
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The adenylate kinase reaction can be specifically inhibited by Ap5A (a molecule with two 
adenosine nucleotides connected through 5’ linkages with exactly five phosphate groups) 
[125], which suggests that the two nucleotides engaging in the adenylate kinase reaction 
should be bound in a very specific orientation that might not be generic for all ABC ATPases 
[121]. The adenylate kinase reaction takes place at a single ATPase domain [120], implying 
the presence of an extra ATP-binding domain in the ABC ATPases that have adenylate kinase 
activity. It has been proposed that an extra ATP (other than the ATP bound by the ATP 
binding sites) can be bound at the dimer interface of the ‘nucleotide sandwich dimer’. This 
dimer interface has a cavity (Figure 11), which could accommodate a nucleotide [124].  
 
Twin ABC ATPases 
The Twin ABC ATPases (of which UvrA is a member) are a subgroup of the ABC 
ATPases, which have two ABC ATPase domains in each monomer instead of one. The 
presence of two ABC ATPases in a monomer protein could have interesting consequences for 
the structure of the active complex, as multiple alignments for the ATPase domains may exist 
for a protein with two ABC ATPase domains (Figure 13). 
 
Figure 13: Hypothetical conformations of Twin ABC ATPases 
Three conformations are possible: (A) two intramolecular nucleotide sandwiches, (B) two intermolecular 
sandwiches and (C) one intra- plus one intermolecular nucleotide sandwich.  
In (B) and (C), the ATPase and insertion domains belonging to monomer 1 are indicated with darker colors than 
the domains of monomer 2. Bound ATP is shown as a yellow oval representing the nucleotide and three yellow 
circles representing the phosphates. The colored rectangles (labeled ID 1 and ID 2) that are connected to the 
ATPase represent the insertion domains of the protein. 
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For example, a Twin ABC ATPase protein could form an intramolecular nucleotide 
sandwich (Figure 13A). In this case, an ATP-bound Twin ABC ATPase would form a 
monomer complex, in contrast to the single ABC ATPases, which forms a dimer complex 
upon binding ATP. Another possible structure of an ATP-bound Twin ABC ATPase would be 
a double nucleotide sandwich between two monomers (Figure 13B). In this case the ATP-
bound protein would form a dimer. An alternating configuration, where one intermolecular 
nucleotide sandwich structure is formed and another is formed intramolecular (Figure 13C) 
could be possible as well. In this case the ATP-bound protein would also form a dimer 
complex. 
The intramolecular arrangement of both ATPase sites is likely the preferred organization 
of the ATPase domains in the Twin ATPases. The crystal structure of ADP-bound RNase-L 
inhibitor (RLI) (Figure 14) shows that both ATPase domains in RLI form an intramolecular 
nucleotide sandwich. Therefore, ADP-bound RLI is a monomer complex [111]. The 
intramolecular arrangement of both ATPase sites is also demonstrated for the Twin ABC 
ATPases CFTR [126,127] and human transmembrane transporter P-glycoprotein (Pgp) 
[128,129]. In the structure of ADP-bound UvrA, it can be seen that both ATPase domains also 
form two intramolecular nucleotide sandwiches. In contrast to the RLI, CFTR and Pgp, the 
active form of UvrA is a dimer complex, due to the presence of a nucleotide-independent 
dimer interface in UvrA [19,28,29]. 
 
Figure 14: Structure of ADP-bound RNase-L Inhibitor (RLI) (PDB entry 1YQT) 
Both Walker A motifs are highlighted in blue; both signature sequences are highlighted in red. Bound ADP is 
shown with yellow spheres; bound Mg2+ is shown as a gray sphere. 
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Although in the Twin ATPases, both ATPase sites are clearly non-identical, a strong 
coordination exists between both sites. For the Twin ATPase Pgp, it has been shown that the 
activities of its two ATPase domains are dependent on each other [130]. Similar to the 
stepwise hydrolysis mechanism of single ABC ATPases demonstrated for Mdl1p [117], the 
two ATPase domains of Pgp also hydrolyze ATP in an alternating fashion [130,131]. Also in 
UvrA the two ATPase domains are dependent on each other, since mutation in one domains 
blocks hydrolysis in the other [30-32]. 
 
Function of the MutS ATPase in Mismatch Repair 
DNA mismatch repair (MMR) is the process of correcting DNA mismatches that are 
generated during replication that have escaped proofreading (reviewed in [133] and [134]). In 
E. coli MMR, the substrate recognition and incision steps are carried out by three proteins: 
MutS, MutL and MutH. Mismatch recognition and incision requires ATP hydrolysis in both 
MutS [135] and MutL [136]. MutS is the protein that initially binds to a DNA mismatch and 
subsequently interacts with MutL. The interaction of MutS with MutL induces the latter to 
activate the endonuclease MutH. MutH incises 5’ to the dG at the non-methylated strand of a 
hemi-methylated d(GATC) sequence [137,138]. Because mismatches can be relatively distant 
(up to 1 kb away) from a d(GATC) sequence, MutL likely functions to transfer the signal of 
mismatch recognition from MutS to MutH bound at a d(GATC) sequence and is capable of 
doing this even when the mismatch is located on a different DNA molecule as the d(GATC) 
sequence [139,140]. 
 
Structure and function of the MutS protein 
 The MutS protein contains one ABC ATPase that has all the characteristic subdomains of 
the ABC ATPases [35]. Similar to MalK, MutS forms a stable dimer in the absence of ATP. 
However, like other ABC ATPases, ATP binding further stabilizes the MutS dimer, likely by 
forming a structure similar to the ‘nucleotide sandwich dimer’ [139]. It remains under debate 
whether the dimer form is the functional form of the protein in vivo. Under physiological 
conditions, two MutS dimers are able to form a tetramer complex [141]. The C-terminal 
domain of MutS facilitates formation of the MutS tetramer. Removal of this domain from 
MutS eliminates tetramerization, causes elevated mutation frequency in vivo and reduces the 
ability of MutS to stimulate MutH incision in vitro [142,143]. However, the biological 
function of the MutS tetramer is still unclear. The formation of MutS-tetramers is not 
correlated to DNA binding in vitro; MutS can bind DNA both in the dimer and tetramer form. 
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However, when a MutS tetramer binds DNA, both dimers bind to different DNA sites 
[144]. The interaction between two DNA-bound MutS dimers can therefore lead to formation 
of a DNA loop, with a MutS tetramer at the base. DNA looping by MutS was directly 
detected with Electron Microscopy [145] and AFM [146]. It was proposed that MutS (assisted 
by MutL) utilizes DNA looping to transfer the signal of mismatch detection to a distant 
d(GATC) site. In this tentative model one dimer, of the MutS tetramer, would bind to the 
mismatch, but the other would slide along DNA, thus forming a growing loop, until a 
d(GATC) site has been found [145]. 
 Crystal structures of the MutS dimer in the absence of DNA or bound to various DNA 
mismatches are available [139,147-149]. The structure of E. coli MutS bound to a C:A mis-
match and T. aquaticus MutS in the absence of DNA are shown in Figure 15. The crystal 
structures show that the mismatch-binding domain of the MutS dimer consists of two 
residues, the Phe-X-Glu motif, that interact with the mismatch. The phenylalanine residue of 
this motif is essential for mismatch discrimination, while the glutamate residue is functional 
after initial recognition [150,151]. The MutS dimer contains two separate ATPase domains 
that are connected via two flexible levers to a DNA binding clamp domain, which is a 
positively charged surface that likely is responsible for initial, non-specific binding to DNA. 
The connecting levers are proposed to amplify small structural changes within the ATPase 
domains and transmit them to the clamp domain [147,148]. 
 Binding to mismatched DNA triggers a large conformational change in MutS, inducing 
large alterations in both ATPase domains and the DNA binding domain [147]. In the structure 
of MutS bound to mismatched DNA it can be seen that asymmetry exists between both 
subunits of the MutS dimer: only one subunit of the MutS dimer directly contacts the 
mismatched basepair and the other only contacts the DNA backbone. A similar asymmetry is 
also observed for the ATPase domains, as only one domain contains a bound cofactor (ADP). 
This ATPase domain is located in the same monomer that binds the DNA mismatch [139,147-
149]. 
 
Role of the MutS ATPase 
 MutS shows ATPase activity in solution and, although the MutS complex is made of two 
identical subunits, there is asymmetry between the two ATPase sites in the MutS dimer. The 
two ATPase sites in the MutS dimer form one high-affinity ATP binding site and one low-
affinity ATP binding site [152,153].  
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This asymmetry is not visible in the structure of nucleotide-free MutS (Figure 15A), 
indicating that ATP binding triggers the formation of two asymmetric ATPase domains [147]. 
The asymmetry of both ATPases is triggered by a change in the position of residue Arg697 
(Arg666 in T. aquaticus MutS) [152]. Binding of ADP in monomer A, positions Arg697 such 
that it causes clashing of the DE-loop (Walker B motif) of the same monomer with the P-loop 
of monomer B.  
 
 
Figure 15: Crystal structures of MutS 
(A) Structure (bottom view) of the T. aquaticus MutS dimer (PDB entry 1EWR) 
In this structure, residues 1-118 and 406-513 are disordered. This structure contains no bound ATP or ADP.  
(B) Structure (bottom view) of the ATPase site from ADP-bound E. coli MutS dimer bound to a C:A mismatch  
(PDB entry 1OH5) 
Residues 1-118 and 406-513 of both subunits are omitted in this image.  
(C) Structure (side view) of the MutS dimer bound to a C:A mismatch (PDB entry 1OH5)  
In all structures, monomer 1 is shown in light brown, monomer 2 in light blue. In image B and C, monomer 1 is 
the subunit that contacts the mismatch and the ADP molecule. The Walker A motifs in both subunits are 
highlighted in red (in monomer 1, the Walker A motif is obscured by the bound ADP), the signature sequence is 
shown in red. In (B) and (C), bound ADP is shown with yellow spheres; bound Mg2+ is shown as a gray sphere. 
Residue Arg697, that creates asymmetry between the two ATPase sites, is represented with green spheres. The 
lever domain of monomer 1 is shown in green. The DNA binding clamp domain of monomer 1 is shown in dark 
blue. Bound DNA is shown in blue, the C:A mismatch is shown in red. Residue Phe36 and Glu38 (which form 
the Phe-X-Glu motif) of monomer 1 are shown as pink and orange spheres respectively. 
The crystal structure shown in (C) is a truncated MutS (MutS ∆C800) from which the 53 C-terminal amino 
acids, involved in tetramer formation, are deleted. 
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The contact between the arginine of member B and the P-loop of monomer A is however not 
made, resulting in asymmetry between the two ATP binding sites [148,152]. Deletion of 
Arg697 eliminates the asymmetry between the sites, generating a MutS dimer with two 
equivalent low-affinity ATP binding sites that is not functional in MMR. This indicates that 
Arg697 promotes the formation of the high-affinity site, rather than preventing ATP binding 
to the other site, suggesting that formation of the high-affinity site is essential for MMR 
[152]. 
The ATPase activity of MutS is modulated by the presence of DNA and mismatched DNA 
[154]. DNA stimulates ATP hydrolysis by MutS, by promoting ADP release, which is the rate 
limiting step in steady-state ATP hydrolysis of MutS [154,155]. The presence of mismatched 
DNA has a double effect on the ATPase of MutS. On one hand it promotes ADP release and 
thereby stimulates the steady-state hydrolysis [151,155]; on the other hand, the initial (pre 
steady-state) hydrolysis rate of MutS is lower in the presence of mismatched DNA [153]. This 
indicates that, when bound to a DNA mismatch, MutS favors the ATP-bound form, since 
hydrolysis is inhibited and ADP release is stimulated [153]. MutS binding to mismatched 
DNA likely affects the high-affinity ATP binding site of the MutS dimer, as ATP hydrolysis 
is specifically suppressed at this site when MutS binds to a DNA mismatch [153]. 
ATP binding and hydrolysis in MutS change its affinity for (mismatched) DNA. Notably 
in the absence of cofactors, MutS has a high affinity for DNA and can discriminate 
mismatched DNA. Addition of ADP has little effect on the affinity of MutS for DNA and 
mismatched DNA [156,157]. In the presence of ATP however, MutS has a reduced affinity 
for DNA and mismatched DNA [158]. Because ADP binding has little effect on the affinity of 
MutS for DNA, this indicates that ATP binding triggers dissociation of MutS from 
(mismatched) DNA.  
Remarkably, when the ends of a linear mismatched-DNA substrate are blocked, ATP no 
longer induces dissociation of MutS from DNA [156,159]. This indicates that after MutS has 
bound to mismatched DNA, ATP binding does not lead to the direct dissociation of MutS 
from the DNA. Instead, it triggers the movement of MutS away from the mismatch site, 
eventually leading to dissociation at an unblocked DNA end. This is generally referred to as 
the formation of the ‘sliding clamp’ of MutS [158,159]. ATP binding to form this MutS 
sliding clamp is an important step in the MMR mechanism, as MutL specifically binds, and 
thereby stabilizes, the sliding MutS-DNA complex [140,160].  
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Both ATPase sites of the MutS dimer contribute differently to the interaction of MutS 
with (mismatched) DNA. Although the formation of the sliding clamp is initiated by ATP 
binding in both ATP binding sites of the MutS dimer [161,162], in this complex ATP 
hydrolysis is inhibited only in the high-affinity site and not in the low-affinity site [153,157]. 
Likely, ATP hydrolysis in the low-affinity ATPase site could be required when a sliding 
clamp has dissociated from DNA, to generate the ADP-bound form which has a higher 
affinity for DNA [153,157]. 
 The formation of the sliding clamp complex of MutS is likely coupled to a change in its 
DNA binding domain. With AFM and crystallography data, it was shown that, upon binding 
non-specific or mismatched DNA, MutS introduces a large kink (of approximately 60°) in the 
DNA [141,144,147-149,163]. When bound to a DNA mismatch however, the MutS-DNA 
complex also exists in a conformation in which the DNA is not bent [144,163,164]. 
Unbending of DNA is however less pronounced on mismatches that are less efficiently 
recognized by MutS and is not observed with a MutS mutant deficient in recognizing DNA 
mismatches [163]. 
 It was proposed that the transition from the bent to the unbent MutS-DNA complex, which 
is only possible on mismatched DNA, results from forming the sliding clamp after mismatch 
recognition. The release of tension in the DNA, upon release of the 60 degrees bend, might 
allow MutS to freely diffuse along DNA [163]. The transition to the sliding clamp form 
requires the glutamate residue in the Phe-X-Glu motif [151,163]. MutS, in which this residue 
was removed, could not fully unbend bound mismatched DNA. This effect is coupled to a 
reduction in the inhibition of its ATPase activity, which is indicative for formation of the 
‘sliding clamp’ of MutS and strongly suggests that, in the sliding clamp complex, the bound 
DNA is not bent [163]. In summary, the ABC ATPase of MutS plays an essential role in 
mismatch repair, as the ATP-dependent formation of the sliding clamp complex couples 
mismatch recognition to the recruitment of MutL and MutH. 
 
Function of the Rad50 ATPase in Double-Strand Break Repair 
DNA double-strand break repair is the ligation of DNA double-strand breaks (DSBs). A 
DSB can be the result of exposure to ionizing radiation or radiomimetic drugs. DSB repair 
occurs through two pathways: Homologous Recombination (HR) and Non-Homologous End 
Joining (NHEJ). The HR pathway orchestrates the error-free repair of a DSB, using the 
information from the undamaged sister chromatid. NHEJ is the direct joining of the two loose 
ends with little sequence homology.  
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This pathway may be error-prone since in many cases the loose ends can not be directly 
joined (because they are, for example, non-complementary, non-ligatable or attached to 
proteins) and need to be processed before they can be ligated (reviewed in [165]). 
 
Structure and function of Rad50 
Rad50 is one of the three subunits of the end joining MRN(X)-complex. This complex, 
consisting of Rad50 and its binding partners Mre11 and Nbs1 (Xrs2 in yeast) is capable of 
tethering two loose DNA ends [166,167] and plays a central role in both HR and NHEJ repair 
of a DSB [168,169]. This complex consists of two Mre11 and two Rad50 subunits [169] plus 
two or four Nbs1 subunits [167].  
Rad50 is a member of the structural maintenance of chromosome (SMC) protein family to 
which also the Cohesin and Condensin proteins belong [85]. The Rad50 protein consists of 
two functional domains; an ABC ATPase and a coiled-coil domain that forms a very long 
(ranging from 15 to 60 nm between different species) coiled-coil with an inhomogeneous 
flexibility [171]. The crystal structures of the ATPase domain and a part of the coiled-coil 
domain from Pyrococcus furiosus Rad50 are available (Figure 16), but no structure of the 
entire protein has been determined [172,173]. The coiled-coil contains two additional 
functional domains: two Mre11-binding domains [173], which are located at the bases of the 
coiled-coil structure and a cysteine rich zinc-binding domain (the ‘zinc-hook’) that lies in the 
middle of the coiled-coil domain (Figure 16). Two zinc-hooks together can bind one Zn2+ ion 
and this enables one zinc-hook domain to interact with a zinc-hook domain from another 
Rad50 molecule [173] (Figure 16B).  
The structure of the ATP-bound ATPase domain of Rad50 is similar to that of ATP-bound 
MalK, as the ATP-bound ATPase of Rad50 shows the ‘nucleotide sandwich dimer’ structure 
that is typical for ABC ATPase domains [172]. This nucleotide sandwich dimer, generic for 
the ABC ATPases, likely represents the active form of Rad50, which should then be a dimer 
complex with two coiled-coils [172]. It was also suggested that the active form of Rad50 is a 
monomer with an intramolecular arrangement of the ATPase domain [174]. However, such an 
arrangement has never been observed for any protein with a single ABC ATPase domain 
[175].  
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Figure 16: Structure and functional domains of Rad50 
(A) Structure of the ATP-bound ATPase site of P. furiosus Rad50 (PDB entry 1F2U) 
Monomer 1 is shown in light brown, monomer 2 in light blue. The subdomains of the ATPase domain are 
highlighted in both monomers. The Walker A motif is highlighted in dark blue; the Walker B motif is 
highlighted in blue. The signature sequence is highlighted in red; the D-loop is highlighted in dark red. For the 
purpose of clarity, other sub-domains of the ATPase have not been highlighted. The bound nucleotides are 
shown with yellow spheres; bound Mg2+ is shown as a gray sphere. The start of the coiled-coil domain is shown 
in black. 
(B) Structure part of the coiled-coil domain, containing the zinc-hook domain of P. furiosus Rad50 (PDB entry 
1L8D) 
Monomer 1 is shown in light brown, monomer 2 in pale cyan. The bound metal ion (Zn2+ or Hg2+) is shown as a 
gray sphere. In both monomers, the zinc-hook domain is shown in violet. 
(C) Location of the functional domains in the amino acid sequence of P. furiousus Rad50 
The ATPase domain contributes to Rad50 dimerization [176], although the zinc-hook in 
the coiled-coil is also capable of joining different Rad50-molecules, which can be either the 
two coiled-coils of one Rad50 dimer or two Rad50 coiled-coils that do not belong to the same 
dimer (as illustrated in Figure 17) [173,176-178]. Upon DNA binding, the coiled-coil 
domains of Rad50 change from a closed ring to an open ring conformation (Figure 17).  
This conformational change of the coils eliminates the coupling between the two zinc-hooks 
within one Rad50 dimer and exposes them to recruit other Rad50 complexes. Thus, a DNA-
bound Rad50 can interact with other Rad50 molecules over distances up to 100 nm (the size 
of two Rad50 coils). This way, two Rad50 proteins can join two loose DNA ends via their 
coiled-coils (Figure 17) [178]. This conformational change of the Rad50 coils upon DNA 
binding is not correlated to its ATPase activity, as it occurs independent of ATP binding or 
hydrolysis [178]. 
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Figure 17: Conformations of the Rad50-dimer 
(A) In the absence of DNA, the coiled-coil domains are flexible and can be joined together by the zinc-hook 
domain 
(B) Upon DNA binding, the coiled-coil change into a rigid structure, in this conformation the zinc-hook domains 
enable recruitment of other Rad50 complexes 
(C) Two DNA bound Rad50 dimers joining DNA ends via their zinc-hook domains 
The two Rad50 ATPase domains are shown as blue and green ovals. The blue and green semi-circles represent 
the zinc-hook domains of Rad50. 
 
Role of the Rad50 ATPase 
Although not directly required for end joining, the ATPase of Rad50 is essential for the 
function of Rad50 in vivo [179,180]. Rad50 possesses a low ATPase activity that does not 
change upon binding DNA [181]. The presence of ATP or non-hydrolysable ATP-analogs 
however enhances the affinity of Rad50 alone for DNA [172,182], but this effect likely results 
from the enhanced stability of the Rad50 dimer in these conditions [172]. Comparison of the 
structures of the ATP-free and the ATP-bound ATPase domain of Rad50 showed that ATP 
binding to Rad50 induces a large conformational change [170,172]. This is proposed not only 
to affect the stability of the Rad50 dimer alone, but to change the interaction of Rad50 with its 
binding partner Mre11 [170]. 
Together with the Mre11 dimer, the Rad50 dimer forms the M2/R2-complex [170]. This 
complex has the ability to tether two DNA ends [166] and has 3’ → 5’ exonuclease activity 
[183]. A third protein, Xrs2 in yeast and Nbs1 in higher eukaryotes, interacts with M2/R2 to 
form the MRN-complex.  
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The presence of Nbs1 stimulates the end-processing functions of Mre11 [184] and DNA 
tethering by Rad50 [167]. Also, Nbs1 functions to activate DNA damage signaling pathway 
[185]. 
The Mre11 dimer is a 3’ → 5’ exonuclease and contributes, together with other nucleases 
involved in DSB repair, to the processing of DNA ends for ligation [183,186,187]. Mre11 
does not bind or hydrolyze ATP; therefore any ATP dependence of the activity of the M2/R2-
complex can be directly related to the ATPase function of Rad50. In contrast to Rad50 alone, 
M2/R2 forms a stable complex that can bind DNA in the absence of ATP. This is likely 
because Mre11 binding stabilizes the Rad50 dimer or because in the absence of ATP the 
Mre11 subunits, and not the Rad50 subunits, contact the DNA [170]. 
In the absence of ATP, M2/R2 can bind DNA and has a high affinity for blunt or 5’-
overhanging DNA ends, but recognizes 3’-overhanging ends with a lower specificity. In the 
presence of ATP or non-hydrolysable ATP-analogs, specificity for ends with a 3’-overhang is 
enhanced [181]. Furthermore, ATP binding to Rad50 also stimulates the exonuclease activity 
of Mre11 on this substrate [188]. This indicates that ATP binding, and not necessary 
hydrolysis, by Rad50 changes the accessibility of the M2/R2-bound DNA ends so that Mre11 
can now process 3’-overhanging ends as well [170,172]. 
In the presence of ATP, the turnover rate of end processing by the M2/R2 complex is 
slightly enhanced compared to in the presence of a non-hydrolyzable analog [170]. This 
suggests that ATP hydrolysis in Rad50 simulates endonuclease activity by facilitating the 
release of M2/R2 after Mre11 has completed processing a DNA end rather than by stimulating 
the endonculease of Mre11 itself [170,172]. 
In summary, the exact role of the ABC ATPase of Rad50 is still unclear. One likely 
possibility is that the ATPase of Rad50 functions to stabilize the complex of Rad50 with its 
binding partners. ATP binding to Rad50 stimulates interaction with Mre11 and allows the 
exonuclease Mre11 to process DNA ends, subsequent hydrolysis of ATP in Rad50 releases 
the complex. Likely, complex release occurs after Mre11 has completed its exonuclease 
activity, thus facilitating DSB repair and also allowing Rad50 (and Mre11) to bind new DSB 
sites. 
  
 
 
 
 
Chapter 1 
 48 
DNA Damage Recognition at the Single-Molecule Level 
During recent years, techniques that allow the detection of single molecules have emerged 
to study the properties of complex biological processes in vitro as well as in vivo [189,190]. In 
this section of the introduction, the contribution of single-molecule studies to understanding 
one of the key issues in DNA repair, the efficient discrimination between damaged and 
undamaged DNA, will be discussed. 
In order to locate DNA damages in the context of an entire genome, DNA damage sensing 
protein complexes (and also site-specific DNA binding proteins such as transcription factors) 
need to very efficiently scan the genomic DNA. In a genome, at any given moment, only a 
very small amount of DNA damage is present compared to a large excess of undamaged 
DNA. Therefore, it is highly improbable that damage sensing or site-specific binding proteins 
find their targets through binding single sites at random (the ‘diffusion based binding’ model). 
Instead, the very high rate constant of the Lac-repressor (a site-specific DNA binding protein) 
for its target site of approximately 1010 M-1·s-1 [191,192], suggests that this protein finds it 
target faster than can be expected for an ‘ordinary’ diffusion-based enzyme-substrate reaction, 
for which the rate constant is predicted not to exceed the diffusion limit, which is about 108 
M-1·s-1 [193,194]. 
Instead, site-specific DNA binding proteins and proteins that find DNA damages are 
expected to search for their targets through a process termed ‘facilitated diffusion’. The 
facilitated diffusion model generally describes the movement of a site-specific DNA binding 
protein from a non-specific binding site (where the protein initially binds) to its target site. 
This model proposes that, after binding a non-specific DNA site, these proteins move between 
non-specific sites, allowing them to probe multiple sites in one binding event. Facilitated 
diffusion greatly increases the search efficiency compared to diffusion based binding, since in 
diffusion based binding proteins would bind only one site per binding event. 
Three different mechanisms have been proposed for facilitated diffusion. These 
mechanisms are not mutually exclusive and likely site-specific binding proteins scan the 
genome using a combination of all three [194,195] (Figure 18): 
1. Diffusion along non-specific DNA (‘sliding’ or one-dimensional diffusion) 
2. Dissociation followed by association to a nearby site in the same chain (‘hopping’ or 
‘jumping’) 
Hopping is different from random 3D-diffusion as random 3D-diffusion predicts that, once 
dissociated, the protein can bind any reachable site within the genome with equal probability, 
while a hopping protein prefers to bind nearby sites in the same chain [194,195]. 
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3. Direct translocation between two sites via an intermediate step, in which the protein binds 
two sites simultaneously (intersegmental transfer) 
Because the model for the intersegmental transfers indicates that a protein should simul-
taneously bind two different DNA sites, a protein (or protein complex) making an 
intersegmental transfer should have at least two different DNA binding domains. 
 
Figure 18: The three mechanisms for facilitated diffusion 
(A) Sliding, (B) Hopping and (C) the intersegmental transfer 
Although the facilitated diffusion model itself was developed using data from bulk 
experiments, with bulk experiments it is difficult to distinguish between sliding, hopping 
and/or intersegmental transfers. Using fluorescently labeled proteins and single-molecule 
detection techniques however, the diffusion of site-specific DNA-binding proteins to their 
targets can be observed directly [196,197] and potentially with nanometer accuracy [198]. To 
detect the movement of proteins on DNA, DNA however needs to be immobilized in a 
microscopy setup that allows detection of single-fluorophores. Different strategies are 
possible to achieve this. For example, DNA can be tethered to a glass surface; proteins 
binding surface-immobilized DNA can then be imaged with TIRF-microscopy [196,197]. 
DNA can also be tethered between two optically trapped beads; here, imaging of proteins is 
achieved with farfield epi-fluorescence microscopy [196]. These two techniques will be 
explained in more detail in chapter 3 of this thesis. 
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With TIRF-microscopy, one-dimensional diffusion on surface-tethered DNA was 
observed for human oxoguanine DNA glycosylase (hOgg1) [199], which scans the DNA for 
the presence of oxidized guanine, and the S. cerevisiae Msh2-Msh6 (MutS homolog) 
heterodimer, which recognizes mismatched DNA [200]. Both proteins appeared to slide along 
DNA with a considerable speed, with hOgg1 sliding slightly faster (with a 1D-diffusion 
constant (D) of 5·106 bp2/sec) than Msh2-Msh6 (D = 1.2·105 bp2/sec). The lifetime of DNA 
bound hOgg1 was measured to be approximately 0.025 sec under physiological conditions, 
indicating that, hOgg1 can traverse about 440 bp (root mean square displacement, <x>) during 
the time the complex stays bound to DNA (According to <x2> = 2Dt [199]. Remarkably, 
under similar experimental conditions, the Msh2-Msh6 complex was found to slide along 
DNA for a much longer duration; lifetimes of over 180 seconds have been reported for this 
complex [200]. The one-dimensional diffusion coefficients of hOgg1 and Msh2-Msh6 are in 
the same order of magnitude as the diffusion coefficients that were obtained for the sequence-
specific DNA binding proteins EcoRV [201], p53 [202] and RNA polymerase [203]. This 
suggests that the sliding motion of DNA damage recognizing proteins is not significantly 
different from other site-specific DNA binding proteins.  
The ability of a site-specific DNA binding protein to slide over non-specific DNA sites is 
correlated to the concentration of monovalent salt ions (such as K+ or Na+). A higher salt 
concentration weakens the interaction of a protein with a non-specific DNA binding site 
[204,205] and this is observed as a drastic reduction in the lifetime of the sliding protein 
complex and the distance a sliding complex can travel [199,200,206]. At lower salt 
concentrations (more similar to physiological conditions) however, site-specific DNA binding 
proteins are able to slide along many DNA sites with a rapid pace. For example, if the S. 
cerevisiae genome would consist of one chain of naked DNA, it would take the entire 
population of S. cerevisiae Msh2-Msh6 about 2.9 minutes to scan the entire genome (2.5·107 
bp) by sliding alone [200]. Still, the obtained diffusion coefficients for sliding proteins are 
about 1000 times too low to explain the extremely high rate constants of site-specific binding 
proteins for their target sites [207,208]. Also, the many proteins that bind genomic DNA 
would create an immediate obstruction for any sliding protein [209]. Therefore, target 
discrimination by site-specific proteins in vivo is likely dominated by the three-dimensional 
diffusion components of facilitated diffusion (three-dimensional diffusion and intersegmental 
transfers) [206,207,210]. 
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Three-dimensional diffusion over short distances (‘hopping’ or ‘jumping’) was 
demonstrated for restriction enzyme EcoRV [201]. After dissociating from a non-specific site, 
EcoRV quickly re-associated with a different site on the same DNA chain. 
The distance EcoRV traveled in one jump depended on the speed and direction of buffer flow 
along the DNA; this is indicative for jumping and not sliding, as a sliding protein will remain 
attached to the DNA and its motion would therefore not be influenced by buffer flow [201].  
Apart from hopping and sliding, EcoRV also makes intersegmental transfers. Incision 
activity of EcoRV is higher on coiled DNA than on stretched linear DNA, suggesting that the 
target search of EcoRV is accelerated when it is able to do intersegmental transfers, as these 
are not possible on stretched linear DNA [211]. Intersegmental transfers were however not 
detected with the repair proteins Msh2-Msh6 and hOgg1 [199,200]. However, this could be 
due to experimental conditions, since in both experiments stretched linear DNA was used on 
which intersegmental transfers are not possible. Furthermore, hopping Msh2-Msh6 or hOgg1-
complexes were also not reported. This could also be due to experimental conditions, as a 
continuous fast buffer flow was used. Likely, this would flush away dissociated complexes 
from DNA and prevents them to re-associate with DNA [199,200]. In chapter 3 of this thesis 
the diffusion mechanism of UvrA will be discussed, by means of single-molecule 
experiments. 
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